Type I collagen is a favorable substrate for cell adhesion and growth and is remodelable by many tissue cells; these characteristics make it an attractive material for the study of dynamic cellular processes. Low mass fraction (1.0e3.0 mg/ml), hydrated collagen matrices used for three-dimensional cell culture permit cellular movement and remodeling, but their microstructure and mechanics fail to mimic characteristics of many extracellular matrices in vivo and limit the definition of fine-scale geometrical features (<1 mm) within scaffolds. In this study, we worked with hydrated type I collagen at mass fractions between 3.0 and 20 mg/ml to define the range of densities over which the matrices support both microfabrication and cellular remodeling. We present pore and fiber dimensions based on confocal microscopy and longitudinal modulus and hydraulic permeability based on confined compression. We demonstrate faithful reproduction of simple pores of 50 mm-diameter over the entire range and formation of functional microfluidic networks for mass fractions of at least 10.0 mg/ml. We present quantitative characterization of the rate and extent of cellular remodelability using human umbilical vein endothelial cells. Finally, we present a co-culture with tumor cells and discuss the implications of integrating microfluidic control within scaffolds as a tool to study spatial and temporal signaling during tumor angiogenesis and vascularization of tissue engineered constructs.
Introduction
Biologists and engineers have developed three-dimensional (3-D) scaffolds to create functional tissues for regenerative medicine [1] and study basic tissue-scale biology [2] and development [3] . The vascular cell biology community has exploited 3-D biomaterials in vitro in an effort to mimic the microenvironment of stromal and tumor cells in vivo. More specifically, 3-D scaffolds have served for the study of mechanisms of tumor metastasis [4] , chemical signaling during tumor angiogenesis [5] , and the vascularization of tissue engineered implants [6] . The chemistry and mechanics of extracellular matrix (ECM) significantly influence cell differentiation, proliferation, migration, shape, and biosynthetic activity [7e10] . In order to influence these responses, the biomaterial community has focused on controlling mechanical [11] , biological [12] , and structural [13] properties of biomaterials as well as tailoring the ECM chemistry of biomaterials [14] .
Recent efforts have also aimed to unite tailored biomaterial properties with microfabrication to embed micro-physiological detail within scaffolds. For example, Choi et al. fabricated microfluidic networks within mechanically robust calcium alginate hydrogels to deliver signaling factors to cells embedded within the bulk of the hydrogel [15] . These microfluidic biomaterials allow precise control over the spatial and temporal delivery of soluble factors to cells on the micrometer scale and have advanced 3-D cell culture scaffold capabilities; however, calcium alginate is not remodelable by endothelial cells. Incorporation of chemical and physical details of the micro-scale cellular environment present in vivo without compromising cellular remodelability and the material's proteolytic degradation potential remains a challenge. The work described in this paper aims to overcome this limitation with the development and characterization of a dense matrix of type I collagen that both permits remodeling by endothelial cells and supports perfusion through embedded microfluidic networks.
Type I collagen is abundant and has been used extensively in different forms for cell culture and tissue engineering applications [16e18]. Elsdale and Bard pioneered the use of cell-embedded native collagen gels [17] . Because collagen is 1) a natural substrate for multiple cell types, 2) remodelable by cells, and 3) easy to obtain, scientists have developed methods for using type I collagen as a tissue engineered substitute. Biologists and engineers have performed repair of nerve [19] and heart muscle [20] , assays of vascular invasion and vasculogenesis [21] , assays of gel contraction [22] , and studies of tumor biology [23] in native type I collagen gels at low concentration (w0.3 v%). A major drawback to using conventional collagen gels for tissue engineering applications, however, is the material's weak bulk mechanical strength [24] . Contraction of the gel by constituent cells is significant [25] , and its low modulus makes molding constructs into desired shapes difficult. Furthermore, in many cases, low mass fraction collagen matrices do not capture the properties of in vivo ECM [26] .
In addition to the lithographic methods for creating the alginate microfluidic biomaterial, several research groups have developed a variety of 3-D microfabrication methods in collagen matrices [3, 27, 28] . Notably, Nelson et al. have developed a micromolding method by which they mold collagen solution at 3.66 mg/ml around a micropatterned PDMS stamp and construct 3-D microscale cavities embedded in collagen [3] . To create more intricate microstructure within soft materials, researchers have demonstrated that 6.5 mg/ml collagen can support 3-D microfabrication, endothelial cell attachment, and perfusion [28, 29] . While these studies resulted in functional microchannels within type I collagen, the complexity and functionality of the microfabricated network with the methods used are limited because of the weak mechanical properties of the collagen.
To address the limitations mentioned above, others have used various cross-linking and denaturing processes to change the mechanical properties of collagen matrices to control the microstructure or macroscopic shape or to provide additional binding sites or signaling cues for cells. Scientists have performed both chemical and mechanical modifications of collagen by addition of glycosaminoglycans (GAGs), fibrin, and other materials [30, 31] . Yannas and Burke developed and optimized crosslinked collagen-GAG membranes for skin tissue engineering [30] , and, more recently, others have created these types of membranes for cell support with perfusion [32] . While these methods increase the bulk modulus or tensile strength of the collagen material, the processing also changes the chemical and molecular nature of the collagen protein. In many cases, when the triple helical structure of the collagen molecule is disrupted, the capacity for cellular degradation decreases [33] . Cross-linking methods can also be toxic to cells; and therefore, cannot be used when suspending cells in the bulk of the material.
To increase the modulus and density of collagen scaffolds without changing the native collagen molecule, Ramanujan et al. have made high concentration collagen scaffolds of 10e45 mg/ml via ultracentrifugation for studies related to diffusion and transport in tumors [26] . Also, others have created collagen scaffolds of 40 mg/ml via evaporation methods [34] for studies of fibroblast traction and migration. We build on this work on high mass fraction matrices with a systematic study of the structural and mechanical properties of dense collagen matrices and cellular interactions with them as a function of density.
Biological assays of vascular processes in 3-D do not typically employ high mass fraction native collagen matrices, and existing studies have not performed a systematic evaluation of the ability of dense collagen to promote cellular attachment, morphogenesis, and degradation or of the material's bulk mechanical characteristics. We believe dense, native collagen matrices hold promise as substrates for studies of vascular biology and as useful biomaterials for the formation of remodelable microfluidic devices. Here, we describe our methods for preparing dense collagen matrices and characterize the physical and mechanical properties of the dense type I collagen matrices (up to a collagen concentration of 20 mg/ ml). We fluorescently label collagen fibers and directly compare the resolution of confocal fluorescent and confocal reflectance microscopy. Further, we report on the use of dense type I collagen as a 3-D scaffolds for the study of endothelial cell (EC) biology (EC network formation and invasion [35] ), tumor angiogenesis [36] , and microfabrication. We present 1) the replication of micropores in a 3.0 mg/ml (0.3%) collagen matrix, 2) methods to fabricate a functional microfluidic network within a 10 mg/ml (1%) collagen matrix, 3) evaluation of remodeling of the dense collagen by human umbilical vein endothelial cells (HUVECs), and 4) a preliminary in vitro model of tumor angiogenesis. Finally we discuss the implications and ongoing work of integrating microfluidic control within remodelable collagen scaffolds as a tool to study spatial and temporal signaling during tumor angiogenesis and vascularization of tissue engineered constructs.
Materials and methods

Reagents
Human umbilical vein endothelial cells (HUVECs), Medium 199 (M199), fetal bovine serum (FBS), L-glutamine, penicillin/streptomycin, trypsin/EDTA, HEPES buffered saline solution (Lonza, Basel, Switzerland, formerly Cambrex). Endothelial cell growth supplement (ECGS), vascular endothelial cell growth factor (VEGF), basic fibroblast growth factor (bFGF), phosphate buffered saline (PBS) (Upstate Cell Signaling Solutions, Lake Placid, NY). Rat tails (Pel-Freez Biologicals, Rogers AR Two stocks of collagen were prepared and used for all experiments described here. As described previously [37] , tendons were excised from rat tails, suspended with 100 ml of 0.1% acetic acid/gram of tendon. After 48 h at 4 C, the collagen solution (still containing bits of fat and facia) was centrifuged for 90 min at 8800 Â g at 4 C in a Hettich Universal 320R bench top centrifuge (Hettich, Beverly, MA). The top, clear collagen solution was collected and the pellet was discarded. The collagen solution was then lyophilized, and the dry mass was determined. For each stock prepared, we processed 25 tails. After the lyophilization step, we generally had high yields (w0.15 g purified collagen/tail) of dry collagen.
The dried collagen was resuspended in 0.1% acetic acid at four different stock solution concentrations: 8 mg/ml, 15 mg/ml, 20 mg/ml, and 30 mg/ml. To re-dissolve the lyophilized material, the suspensions were agitated approximately 3 times a day by manually inverting the tubes repeatedly for approximately 30 s. After 5 days of this daily agitation, the thick collagen solution was uniform and clear and free from visible opaque collagen masses.
Formation of hydrated collagen gels
Acellular collagen gels were prepared for structural and mechanical studies into collagen disks 2 mm in thickness and 8 mm in diameter using a PDMS mold. Gels with a final concentration of 3, 8, 10, 15, and 20 mg/ml were made from concentrated collagen stock solutions of 8, 10, 20, 20, and 30 mg/ml, respectively. This preparation proceeded as follows: 1) The desired mass of collagen was placed in a separate Eppendorf tube (tube 1) and kept on ice.
2) The dilutant was prepared in an Eppendorf tube (tube 2) and kept on ice. The dilutant consisted of 0.1 volume fraction (with respect to the desired final total volume of solution) of 10Â concentrated Medium 199. Ice cold 1 N NaOH was added to the 10Â M199 (volume of 1 N NaOH added ¼ (volume of collagen in tube 1) Â 0.02). The dilutant was brought up to the final volume by adding 1Â M199 to tube 2.
3) The basic M199/NaOH solution (tube 2) was slowly mixed on ice into the acidic collagen solution (tube 1) using a small spatula. 4a) For acellular gels, once the collagen solution was at neutral pH (determined from phenol red dye in media), neutralized collagen solution was dispensed immediately in a PDMS mold and allowed to polymerize at 37 C at 5% CO 2 for 20 min. 4b) Alternatively, for scaffolds with cells in the bulk of the gel (Vasculogenesis Assay e Materials and Methods), once the collagen solution was neutralized, the appropriate volume of concentrated cell suspension (at 6 Â 10 6 cells/ml) was mixed into the neutralized collagen solution. This mixing process required extreme care and was performed manually with a spatula to ensure an initial homogeneous distribution of cells and to prevent bubble formation and cell damage. The neutralized collagen solution (with and without embedded cells) was placed into wells and allowed to polymerize at 37 C at 5% CO 2 for 20 min.
2.2.3. Fabrication of molds for gelation and microfluidic device PDMS wells (PDMS walls, glass bottom) of 8 mm diameter were used for the acellular structural and mechanical experiments. Circular holes on a 2 mm thick PDMS slab were created with an 8 mm biopsy punch. Wells were made by placing PDMS slabs with punched 8 mm holes on a clean glass slide. Collagen solution was either pipetted (3 and 8 mg/ml) or injected from a syringe (10, 15, 20 mg/ml) into the wells with a syringe.
PDMS wells (PDMS walls and bottom) of 4 mm diameter were used for the cellular assays. Soft lithography [38] was used to generate PDMS wells. Specifically, a layer of SU8-2100 was spun, exposed, and developed to generate 1 mm thick posts with diameters of 4 mm. PDMS wells were made by treating the SU8 masters with a vapor of (tridecafluoro-1,1,2,2-tetrahydrooctyl)-1-trichlorosilane overnight and then curing the PDMS on the silanized SU8 structures to form an array of PDMS wells. Excess PDMS was cured on the SU8 structures so that the SU8 posts did not form complete holes through the PDMS slab, but instead, created a well with a bottom thickness of 500 mm. The PDMS was peeled away from the SU8 master and a 6 mm biopsy punch was used to separate individual wells.
To determine the lower limit of collagen concentration that can retain microstructure, we replicated micropores in collagen concentrations of 0.15%, 0.3%, 0.6% and 1.0%. Soft lithography [38] was used to generate a PDMS stamp as a master on which to pattern collagen with microstructure [15] . The molding proceeded in two steps, from a microfabricated positive mold in SU8 (wells) to a negative mold in PDMS (posts), and from this PDMS to the final structure in collagen (wells). Specifically, a layer of SU8-2100 was spun, exposed, and developed to generate 400 mm-deep pores with diameters of 50 mm. PDMS stamps were made by curing the PDMS on the silanized SU8 structures (described above) to form a PDMS stamp, a negative of the SU8 consisting of an array of PDMS pillars of 400 mm-height on one face. Finally, cylindrical wells on a separate 2 mm thick PDMS slab were created with a 4 mm biopsy punch. This PDMS slab was needed to create a well above the pillars on the PDMS stamp to contain the collagen solution before it gelled. This slab with the wells was treated with 1% poly(ethyleneimine) (PEI) solution for 10 min followed by 0.1% glutaraldehyde (GA) for 30 min. This treatment made the PDMS wells adherent to collagen.
The PDMS stamp and the PDMS wells were rinsed twice for 15 min with sterile water and were then washed overnight in sterile water at room temperature on a shaker. Following the wash steps, the dried PDMS slab was placed on the PDMS stamp to create wells above the PDMS pillars. Collagen of various concentrations (0.15%, 0.3%, 0.6%, 1%, and 2%) was prepared from the concentrated stock solutions and gelled in the wells of the PDMS stamp by incubating at 37 C with 5% CO 2 for 30 min as described above in the formation of hydrated collagen gels section. Because the collagen adhered to the PEI/GA coated PDMS wells, the molded collagen could be peeled away from the PDMS stamp by handling only the PDMS wells and without direct handling of the collagen gel. Gels were then imaged on a Nikon Eclipse TS100 microscope with an Olympus DP70 Camera using DP Controller software.
Microfluidic collagen was fabricated in a manner similar to our previous approach presented in Choi et al. [15] : 1) uncross-linked collagen was injected into a closed mold where a micropatterned PDMS stamp was inserted, and 2) crosslinked collagen with an imprinted microfluidic network was then pressure-sealed against a 1.2 mm-thick glass slide (Ted Pella, Inc., Redding, California) as illustrated in Fig. 5 . Functionality of microfluidic collagen was examined by delivering RITC-dextran (MW 70 kDa) in PBS via microchannels at a flow rate of 1.0 uL/min (Fig. 5c ).
Fluorescently labeling collagen fibers
To visualize collagen fibers with confocal fluorescence microscopy and to analyze a collagen gel's structural properties, tetramethylrhodamine isothiocyanate (TRITC)-labeled collagen was prepared by reacting pure collagen with TRITC following a standard labeling protocol [39] . Specifically, dry collagen was resuspended at 20 mg/ml in 0.1 M sodium bicarbonate buffer at pH 9.0 by agitating for 8 h at 4 C. A 10 mg/ml TRITC solution in DMSO was added to the collagen at a molar ratio of 3:1, dye: protein [39] and was then agitated at 4 C for 24 h in the dark. Free dye molecules were removed using dialysis in 0.1% acetic acid for at least 72 h in the dark at 4 C using dialysis tubing with a molecular weight cut off of 25,000 Da. The labeled collagen was kept at 4 C in the dark until used.
Structural analysis
Both confocal fluorescence and reflectance microscopy of the TRITC-labeled collagen were performed on unfixed, hydrated samples ( Fig. 1) . Confocal reflectance microcopy requires no staining and collects the back-scattered light from the collagen fibers [40] . We used our fluorescently labeled collagen fibers [39] to directly compare the resolution of the two visualization methods, and we collected the reflected light and the fluorescence channel simultaneously on the same sample ( Fig. 1a and b) . Line scans across the same fibers in the reflectance and fluorescence images were performed and the full width at half maximum (fwhm) was determined by fitting to a Gaussian distribution (Fig. 2d) . Line scans across single fibers were performed to determine and average fiber diameter (Fig. 3) for each collagen concentration.
Mechanical consideration 2.3.1. Mechanical properties of dense collagen scaffolds
We used confined compression to characterize the mechanical properties of collagen gels [24] . Transient compression-stress relaxation experiments were performed on hydrated acellular collagen gels. By submerging the entire PDMS mold in phosphate buffered saline (PBS) and peeling the PDMS free from the collagen, gels simply floated off the mold into PBS without direct physical contact to the collagen. Because the low concentration collagen gels are extremely fragile and can collapse upon touching, gentle handling of the collagen discs was crucial to maintain the integrity of the gels. Gels were mechanically tested within 24 h of polymerization.
The compression-stress relaxation experiments were done with an Enduratec ELF-3200 test system (Bose EnduraTEC, Minnetonka,MN) using a 250-g load cell (Honeywell Sensotec, Columbus, OH). Briefly, the collagen discs were placed in an impermeable cup with the same dimensions as the sample. A polyethylene porous plug was placed on the submerged sample, and the displacement actuator was brought into contact with the porous plug. Due to the confinement provided by the cup, as load was applied to the sample, liquid could only exit the gel through the porous plug. Since the liquid could penetrate the porous plug but the gel could not, there was relative motion between the two phases. Gels were compressed in increments of strain, D3 ¼ 3% strain up to 30% strain. After each increment, the sample thickness was held constant for 20 min to allow the stress to relax toward a new equilibrium.
Mechanical model
Using a custom MATLAB (The Mathworks, Natick, MA) code developed by the Bonassar Lab at Cornell [41] , stress relaxation data was fit to a poroelastic model of material behavior using the equation: [41] . We make the assumption, following others [42] , that the gel matrix responds like an isotropic, elastic material. The transient stress relaxation and final equilibrium stress data were recorded and an equilibrium stress-strain curve was generated for each sample. The longitudinal equilibrium modulus, M eq [Pa] was calculated from the slope of the curve of equilibrium stress vs. strain: s eq vs. 3. Note that the longitudinal modulus is related to the Young's modulus, E, and the Poisson's ratio, n by the following expression:
The Poisson ratio was been estimated to be 0.2 for collagen networks [43] . On very short time scales the gel is essentially incompressible (ny0.5), but on a longer time scale which is relevant for the confined compression test, the gel appears compressible (0 < n < 0.5). Given this assumption, E ¼ 0.9 M. The transient relaxation data was used to calculate the hydraulic permeability,
where d [m] is the thickness of the sample [42] . Three to five collagen discs were tested for each collagen concentration. Each sample was compressed to 30% strain only once. A summary of the mechanical testing results can be found in Fig. 4. 
Calculation of hydraulic radius
The confined compression testing allowed us to measure the hydraulic permeability, k [cm 2 ] via Eq. (3) (Fig. 4b) . We used the CarmaneKozeny equation to relate k to the mean hydraulic radius, r H [m](reported in Table 1 ), as described in [44] . The CarmaneKozeny model treats the gel as an array of cylinders (which were fibers in our case) assumed to be randomly oriented in 3-D. It predicts the following relationship:
where k geo is a geometric factor which depends on the tortuosity and e is effective porosity defined as: Fig. 1a and b. The same lines were used for both the fluorescence and reflectance images. Local scans passed over a single fiber, perpendicular to its long axis. Intensity profiles were fit to a Gaussian distribution and full widths at half max (fwhm) are reported. (e) Extended scans across five essentially parallel fibers at the same location in images in Fig. 1a and b.
In Eq. (5), f is the product of the collagen concentration and the effective specific volume of collagen (protein þ bound water), previously reported at 1.89 mg/g [45] . The geometric factor is separated into its parallel and normal components with respect to flow coordinates. For cylinders (fibers) perpendicular to the flow,
and for cylinders parallel to the flow,
For cylinders oriented randomly in 3-D the geometric factor is given by,
In evaluating Eqs. 6e8 for k geo (Table 1) , Eq. (5) and the effective specific volume of collagen was used to calculate the porosity.
Biological characterization
2.4.1. Cell culture Human umbilical vein endothelial cells (HUVECs) were used in passages 3e10. Cells were cultured in growth media. Growth media consisted of Medium 199, 20% FBS, 20 ng/ml ECGS, 5 U/ml heparin, 150 U/ml Pen/Strep, and 2 mM L-glutamine. This growth media was changed every 2e3 days. Oral squamous cell carcinoma (OSCC-3) cells (a gift from Peter Polverini, University of Michigan) were cultured as described previously [46] .
Vasculogenesis assay
To set up the vasculogenesis assays, cells at 75e95% confluency were washed with HEPES buffered saline solution, removed from culture flasks with trypsin-EDTA, neutralized with growth media, centrifuged, and resuspended at 6 Â 10 6 cells/ ml. Cell-seeded collagen gels were prepared from a concentrated, acidic stock collagen solution. Cell-seeded gels were either pipetted (for 3 mg/ml and 8 mg/ml collagen concentrations) or injected with a 250 ml syringe into 4 mm diameter PDMS wells that were set, one per well, in 48-well plates and were allowed to gel at 37 C and 5% CO 2 for 30 min. A volume of gel was used so that the top surface was approximately flush with the top of the wells. 300 ml of vasculogenesis media (growth media supplemented with 50 ng/ml TPA, 40 ng/ml VEGF, 40 ng/ml bFGF, and 50 micrograms/ml ascorbic acid) was added to each well in the 48-well plate. Vasculogenesis assays were kept at 37 C and 5% CO 2 for 3, 7, 14, or 21 days before fixing and staining. Cultures were re-fed with the above vasculogenesis media every 48e72 h.
Invasion assay
To set up the invasion assays, collagen gels were prepared from concentrated stock solutions as described above and either pipetted (for 3 mg/ml and 8 mg/ml collagen concentrations) or injected with a 250 ml syringe into 4 mm diameter PDMS wells that were set, one per well, in 48-well plates and were allowed to gel at 37 C and 5% CO 2 for 30 min. HUVECs (200 cells/mm 2 ) were then seeded on top of the gel and allowed to attach for 30 min before placing 300 ml vasculogenesis media into the wells.
Co-culture
Similar to the vasculogenesis assays described above, oral squamous cell carcinoma (OSCC-3) cells were seeded in 6.75 mg/ml collagen gels at a concentration of 2 Â 10 7 cells/ml into molded into PDMS wells and allowed to gel at 37 C and 5% CO 2 for 30 min. OSCC-3-containing gels were then top-seeded with HUVECs at a density of 300 cells/mm 2 . Co-cultures were maintained for 3 days the HUVEC growth media, supplemented with 50 ug/ml L-ascorbic acid and 50 ng/ml TPA.
Staining and microscopy
At the designated time points during the invasion and vasculogenesis assays and co-culture experiment, gels and cells were fixed and stained with a 1:100 dilution of Alexa Fluor 488 phalloidin or Alexa Fluor 568 phalloidin and 1:1000 dilution of 4 0 , 6-diamidino-2-phenylindole (DAPI) (ex 368/em 461) or YOYO-1 iodide (ex 491/em 509). For the co-culture experiment endothelial cells were also stained with CD-31 mouse anti-human/Alexa Fluor 488 goat anti-mouse. With the exception of the permeabilization step, all incubations were conducted at room temperature with agitation. Permeabilization was performed at room temperature without agitation.
Confocal images of the invasion and vasculogenesis assays and co-culture experiments were obtained using a Zeiss 510 Meta confocal microscope (Zeiss, Welwyn Garden City, United Kingdom) with a 63Â, NA 1.4 oil immersion objective, a 40Â, NA 1.3 oil immersion objective, or a 40Â, NA 1.2 water immersion objective with a pinhole of one Airy Unit. Image stacks were accumulated with a z-step between each successive optical slice of 2e4 mm. Cross sections of the z-stack were rendered in the Zeiss Image Browser.
Results and discussion
Fiber structure in gels
Cells sense and respond to their physical and chemical surroundings; thus, when cells are embedded in a 3-D environment, the fiber structure and density significantly influence cellular morphology, behavior, and phenotype. We analyzed the fiber density and fiber diameter of collagen matrices to characterize the local cellular environment. The structure of these dense collagen matrices was a complicated, intertwined meshwork of fibers. The confocal images in Fig. 1 (bef) revealed increasing spatial density of fibers as collagen concentration increased from 3 mg/ml to 20 mg/ ml which was expected based on previous reports [47] . As depicted in Fig. 2 (aec) , fiber diameter appeared relatively constant even as collagen concentration increased.
Confocal reflectance is commonly used to visualize collagen fibers because it is simple, requiring no chemical processing or staining; however, we found that confocal fluorescence imaging of TRITC-labeled collagen fibers produced higher resolution images. The fluorescence images showed better resolution as demonstrated by the full width at half maximum (fwhm) of the Gaussian fits of peaks in line scans across a single fiber in each type of image (Fig. 2d) . Line scans were performed at the identical location of the reflectance (Fig. 1a) and fluorescent (Fig. 1b) images. In addition, the fluorescent images showed better sensitivity than reflectance as a line scan across a series of four fibers (Fig. 2e) showed more visible fibers present in the fluorescent image. This imaging method comparison provides a basis for interpreting reflectance images in the future.
Based on line scans perpendicular to single fibers, the average fiber diameter in well-mixed collagen gels at all concentrations was w500 mm (Fig. 3) , in good agreement with previously reported values [48] . This constant fiber diameter indicates that the increase in the modulus with increasing concentration collagen (Fig. 4) likely resulted from the increase in fiber entanglement rather than from the properties of the individual fibers [24, 48] .
At high collagen concentration (20 mg/ml), a larger range of diameters appeared (Fig. 3) . We have determined that if the high concentration collagen (1.5% or 2.0%) was inadequately mixed or if the lyophilized collagen had not been completely dissolved (<5 days in acetic acid) (Fig. 3 inset) the fiber size was inhomogeneous and large fibers existed. Using single plane confocal fluorescent images (as in Fig. 1bef ), we also calculated the average pore radius for each collagen concentration. We found that the pore radius ranged from w1 mm (0.3%) to w15 mm (2.0%) ( Table 1) .
Mechanical consideration
It is well established that the specific mechanical properties of the cellular microenvironment influence cell behaviors [7] . Similarly, the degree to which the ECM can transduce force and deformation at the micro-scale directs cell growth [49] , differentiation [50] and tissue formation [51] . We investigated the mechanical characteristics of the collagen matrices to understand better the biomechanics of the material and its role in cell and tissue dynamics. Fig. 4 presents the modulus and permeability results obtained from stress-relaxation experiments using confined compression testing. The equilibrium modulus, M eq increased significantly as collagen concentration increased from 0.3% to 2.0% from w30 Paew1800 Pa (Fig. 4a) .
These mechanical measurements provide a comparison to previous values measured for collagen gels and to native tissue measurements. Our values for the 0.3% collagen matrices are in good agreement with previously reported values for self-assembled collagen matrices [24] . To our knowledge, modulus values for the higher concentration gels have not been reported in the literature. Tissues in vivo exhibit a large range of stiffnesses depending on the type of tissue (e.g. elastic modulus of brain tissue ranges from 0.1 to 1 kPa and of muscle ranges from w8e17 kPa [52] . Pathological tissues, like tumors have been shown to contain a dense collagen matrix with concentrations of 1e4% [26] . The elastic modulus of four types of tumor ranges from 0.66 to 39 kPa [53] . Our 1.0% (0.6 kPa), 1.5% (1.0 kPa), and 2.0% (1.8 kPa) collagen matrices fall within the range for brain tissue and tumors.
The hydraulic permeability, extracted from the relaxation time constant (Eq. (3)), decreased exponentially with collagen concentration over three decades (Fig. 4b) . A decrease was expected as researchers have shown that hydraulic permeability is inversely correlated to collagen content both in vivo [54] and in vitro [26] . Others have extracted the hydraulic permeability of type I collagen gels from confined compression data and report a permeability value of 2 Â 10 À9 cm 2 for 0.3% collagen gels [24] , to be compared to 3 Â 10 À7 cm 2 in our measurements.
Ramanujan et al. have measured the Darcy permeability of 1.0% collagen matrices and report a value ofe1 Â 10 À11 cm 2 [26] , to be compared to 7.5 Â 10 À9 cm 2 in our measurements. These previously reported values are significantly lower than our reported values. A potential source of this inconsistency is differences in methodologies. For example, we use a step deformation while others have used creep tests [24] . It is likely that the collagen matrices have both a solid viscoelastic component and a poroelastic component to the mechanical response. The higher strain rate in a step deformation (as compared to creep) would produce a large, quickly decaying viscous stress which could modify the poroelastic relaxation that we used to calculate the hydraulic permeability.
Another possible source for the inconsistency in permeability values is that the materials between research groups simply have significantly different microstructure. For instance, there is a discrepancy betweenthe microstructure of our matrix (Fig. 1b and Table 1 ) and the interfibrillar spacing of 1 mm estimated with a creeping flow analysis in [24] . Similarly, the higher mass fraction gels created by Ramanujan et al. [26] were obtained via centrifugation, possibly altering the tortuosity and microstructure of the network. (4)). The geometric factor, k geo , depends on the channel shape and the tortuosity. The average pore radius, a, was measured using confocal images of a single plane of fluorescently labeled fibers. Using the hydraulic permeability values from Fig. 4b and the CarmeneKozeny equation (Eq. (4) ), we estimated a hydraulic radius, r H , for each collagen concentration and compared it to our 2-D image analysis pore radius measurements (Table 1) . We note that the two measures of structure (r H and a) agree well except for the two lowest mass fractions (Table 1) . This agreement at higher mass fractions (!10 mg/mL), suggests that our methods are appropriate in this range. At the lowest mass fractions (0.3% and 0.8%), the hydraulic values, r H, are much larger than those extracted by image analysis from 2-D sections. As noted above, the discrepancy at low mass fractions could be caused by a large viscous term induced by the step deformation method. Other potential sources of the low mass fraction discrepancies include: 1) deformation of the pore structures by the perfusion flow; this effect would be more pronounced at low volume fractions for which the modulus of the network was observed to be lower (Fig. 4a) , and 2) inaccuracy of evaluation by of pore size in 2-D sections. Extracting quantitative measurements of pore size based on a 2-D plane of a 3D filamentous network is not trivial. Our method of extracting pore size by analyzing the nearest points on collagen fibers in sections of confocal image stacks could explain the factor of 10 difference in the estimated radius.
Microfabrication and microfluidics
Microfluidic control within a 3-D cell remodelable hydrogel is a desirable tool for cell biologists and tissue engineers. A robust microfluidic biomaterial in type I collagen would allow scientists to engineer spatially complex tissues as it would give them control over 1) the delivery of oxygen and nutrients into the bulk, 2) the temporal presentation of specific factors to cells in a 3-D environment, and 3) microvascular luminal flow and shear stresses [55] . Here we tested and determined the lower bound on collagen concentration necessary for both the molding of simple pores and microfluidic structures. We tested both the simple pores and microfluidic structures as some simple experiments may only require a micropore within a biomaterial rather than a functional microfluidic channel.
We have molded circular pores with a diameter of 50 mm into collagen matrices with mass fractions of (0.15%, 0.3%, 0.8%, and 1.0%). For mass fractions of 0.3% or greater, the reproduction was clean and reproducible (Fig. 5a ). At 0.15%, however, circular pores could not be reproducibly molded. Frequently pores molded in 0.15% collagen would become deformed during the release process and would collapse (data not shown). Thus, we conclude that the lower bound for fabrication of this simple pore structure was 0.3%.
Using a custom molding jig (Fig. 5b) , microfluidic devices were fabricated in 1.0%, 1.5% and 2.0% collagen concentrations and maintained flow (1 mL/min) and sterility in a cell culture incubator without leaking for over three weeks. We verified that sterile conditions were maintained by collecting and analyzing the output media. Note that the device was pressure-sealed to glass leaving a 3-sided collagen channel (Fig. 5b) . A device using 0.6% collagen was attempted and failed. Specifically, only a portion of the microfluidic network formed a seal with the bottom glass slide. Flow was introduced at 1 mL/min which resulted in a flow speed of w1 mm/s.
There was significant leakage at the inlet and outlet and after 15 min of flow, the initially sealed portion of the network began to leak. The modulus of the 0.6% collagen is low enough that the gel deforms and collapses easily during device assembly and even just by the perfusion flow. Thus, we conclude 1.0% collagen was the lower bound to create a functional microfluidic device (Fig. 5c) .
The development of scaffolds with embedded microfluidic structure provides one context in which the hydraulic permeability of the matrix is important. As pointed out by Choi et al., the delivery of solutes via embedded microchannels is simplified if the hydraulic permeability of the matrix is low compared to that of the microchannels [15] . The alginate had a low hydraulic permeability (3 Â 10 À10 cm 2 [56] ) as compared to the convective permeability through the embedded microchannels; therefore, the mass transfer from the channels into the gel was dominated by diffusion. In the same manner, to use type I collagen as a microfluidic biomaterial, the hydraulic permeability within the bulk material must be sufficiently small compared to the permeability through the embedded microchannels. We verified this condition by comparing the hydraulic permeance of the matrix, p m [m s] to the hydraulic permeance of the microchannel, p c [m s] [56] . We define the hydraulic permeance of the matrix as (10) where d h [m] is hydraulic diameter of the microchannel [57] . Note that the direction of convective flow in the microchannel is parallel to that of permeation to the matrix, and we consider a simplified block of microfluidic collagen with L ¼ 1.5 mm,
À8 m s and p c ¼ 1.8 Â 10 À7 m s. We calculate an effective permeability of the 1.0% collagen matrix of 0.18p c . Indeed, the effective permeabilities of the high weight percent collagen gels (1.0%, 1.5%, and 2.0%) are sufficiently low such that convective mass transfer is contained largely within the microchannels and diffusive mass transport should dominate the delivery of solutes to the bulk material.
Remodeling of dense collagen by ECs
We determined the variations in the rate and extent of remolding, vasculogenesis, and invasion by ECs as a function of the concentration of collagen (Figs. 6, 7, and 9). Three-dimensional (3-D) vasculogenesis assays have been used to identify and characterize angiogenic promoters and inhibitors and to study capillary tube formation [21] ; however, tube formation and invasion within dense collagen (>1%) have not been studied.
Tube formation
Using confocal reflectance microscopy, we observed that endothelial cells seeded into the bulk of the gels created circular voids in the collagen [35] at all concentrations by 21 days (Fig. 6) . The circular voids are lined by endothelial cells, and we interpret them as cross-sections of tubes. The voids may be areas of collagen degradation or areas where cells pushed the collagen out of the way. In either case, cells had remodeled (either degraded or displaced) the collagen at earlier time points (3 days) for all collagen concentrations; however, in general, the extent of remodeling increased with time and decreased with collagen concentration. We note that there were differences in the collagen structure around the voids (lighter regions as compared to the bulk) at 3 days for the 0.3% collagen gels and at 21 days for all collagen concentrations (Fig. 6, arrow in t ¼ 21 of 0.3% gels) . Lighter regions were more prevalent and extended further around the collagen voids in lower mass fraction gels (0.3, 0.6, and 1.0%). These light areas could be 1) denser regions of collagen that has been pulled or gathered in towards the cells, 2) matrix deposited by the endothelial cells, or 3) stronger scattering of light due to changes in the alignment or diameter of fibers.
Network formation
After staining the f-actin network and the nuclei of the endothelial cells, we used confocal fluorescence microscopy to visualize the cellular structures within dense collagen matrices. We saw visible lumen formation in the xy plane at all collagen concentrations by day 3 (Fig. 7a) . We captured a z-stack of images at each concentration and time point and generated xz planes to visualize the extent of network formation from the boundary into the bulk (Fig. 7c,d) . A 3-D connected network (an open, continuous tube that was supported from the bottom stiff boundary in the z-direction) with many connections emerged in the 0.3% collagen at 3 days, in the 0.6% at 7 days, and in the 1.0% collagen at 21 days (Fig. 7c,d) .
We quantified lumen area and frequency for the different collagen concentrations over time ( Fig. 8a and b) . In general, lumen density and area both increased with time. Lumen density and area both decreased with an increasing collagen concentration, likely due to the increase in steric hindrance with an increase of concentration. At the low mass fractions, lumen frequency decreased slightly from day 3 to day 7 (Fig. 8b) , possibly due to tube regression; however, this decrease was not statistically significant.
Angiogenic invasion
HUVEC invasion experiments are commonly used to study the development of capillary sprouts and tubes [21] . These types of experiments typically monitor the invasion of endothelial cell into low weight percent collagen gels (usually w0.25%) over the course of about 2e3 days. We performed similar invasion experiments but used collagen concentrations up to 20 mg/ml. Based on the collagen structure and pore size at higher concentrations (Fig. 1) , the dense collagen presumably provided significantly more steric hindrance for cells, so we allowed the invasion assays to culture for up to three weeks.
HUVECs formed a monolayer on top of collagen, and cells invaded over time (Fig. 9) . As expected, invasion distance and frequency decreased with increasing collagen concentration (Fig. 10) at early times. We saw very little invasion in 2% collagen even after 21 days of culture (arrow in Fig. 9 points to a cell structure that has invadede20 mm). We found that invasion distance steadily increased during the first 14 days of culture for 0.3, 0.6 and 1% collagen gels (Fig. 10a) . Invasion distance continued to increase for the 0.6% and 1% collagen gels until day 21; however, did not continue to increase in the 0.3% gels. The invasion frequency grew monotonically out toe7 days in the 0.3% collagen and out to day 21 for the higher concentration collagen matrices (Fig. 10b) .
Note that significant tube regression in 0.25% collagen gels has been reported [58] which is consistent with our observation of an absence of further invasion in the 0.3% gels. This observation points to an advantage of higher mass fractions for the development of functional vascular structure. At early times, the length of the invasions scaled like 1/[Collagen] (invasions in 0.6% are half as long as in 0.3% and so on). This observation is compatible with the hypothesis that degradation is the rate limiting step during the invasion process [35] . Finally, vasculogenic activity (Fig. 7) was much less heavily suppressed by increasing mass fraction than invasion (Fig. 9 ) suggesting a fundamental difference in cell behavior and activity when endothelial cells were seeded in a 3-D (vasculogenesis assay) versus 2-D (invasion assay) format.
Co-culture of ECs and cancer cells
Tumor growth depends on the cancer cell's ability to promote angiogenesis by the expression of pro-angiogenic proteins such as VEGF, bFGF, and IL-8 [10] . To mimic tumor cell-initiated angiogenesis in vitro, we developed a model that consisted of a 3-D coculture of oral squamous cell carcinoma (OSCC-3) cells in the bulk of a high mass fraction collagen gels and HUVECs seeded on the matrix surface. HUVECs formed a confluent monolayer (Fig. 11) , and tumor cells survived and proliferated (measured by DNA assaydata not shown) while embedded within the dense collagen matrix . Images were made binary and lumen number and area were calculated using Image J. Error bars represent the standard deviation. n ¼ 3e5 gels for each time point and condition. (solid arrow in Fig. 11 ). Endothelial cells invaded towards the OSCC-3 cells into the bulk of the collagen gel when co-cultures were maintained for more than 3 days (open arrows in Fig. 11 ). Others have demonstrated that OSCCs secrete IL-8 and VEGF in these 3-D types of cultures [46] , thus, this invasion was likely initiated by the secretion of pro-angiogenic factors possibly due to hypoxic conditions within the dense collagen matrix. Further studies using this model of tumor angiogenesis in vitro could advance the development of cancer anti-angiogenic therapies.
Conclusions
We have demonstrated that dense collagen matrices are mechanically robust while they maintain the ability to be remodeled by tissue cells. We have identified a window of collagen concentrations (>10 mg/ml and <20 mg/ml) that is above the lower bound for microfabrication and below the upper bound for cellular remodeling. Because dense collagen can support functional microstructure and be remodeled by cells, there is potential to control the spatial and temporal chemistry and hydraulic stresses experienced by endothelial cells and cells in the bulk within these scaffolds. Endothelialized microfluidic collagen scaffolds would provide a basis for an advanced in vitro tumor model that mimics conditions in vivo including ECM density and a vascular network with flow adjacent to a model solid tumor [59] . Such a model has the potential to be used as an in vitro platform for tumor metastasis and angiogenesis studies or leukocyte extravasation and intravasation. In addition to an in vitro model, our microfabricated dense collagen matrices could be valuable as a pre-vascularized tissue engineered, implantable scaffold. 
